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Abstract
After the completion of the genomic sequencing of model organisms, numerous post-genomic studies, integrating transcriptome and
metabolome data, are aimed at developing a more complete understanding of cell physiology. Here, we measure in vivo metabolic ﬂuxes
by steady state labeling, and in parallel, the activity of enzymes in central metabolism in cultured developing embryos of Brassica napus.
Embryos were grown on either the amino acids glutamine and alanine as an organic nitrogen source, or on ammonium nitrate as an
inorganic nitrogen source. The type of nitrogen made available to developing embryos caused substantial diﬀerences in ﬂuxes associated
with the tricarboxylic acid cycle, including ﬂux reversion. The changes observed in enzyme activity were not consistent with our estimates
of metabolic ﬂux. Furthermore, most extractable enzyme activities are in large surplus relative to the requirements for the observed
in vivo ﬂuxes. The results demonstrate that in this model system the metabolic response of central metabolism to changes in environmental conditions can be achieved largely without regulatory reprogramming of the enzyme machinery.
 2007 Elsevier Ltd. All rights reserved.
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1. Introduction
Current approaches in plant systems biology are aiming
at comprehensively describing the living cell at several
organizational levels: genes (The Arabidopsis Genome Initiative, 2000), transcripts (Ruuska et al., 2002), and metabolites (Roessner et al., 2001). Major goals of these
approaches are the functional identiﬁcation of unknown
genes as well as the integrated understanding of gene regulation and metabolism. More recently, approaches to
acquire and compare data in parallel from the diﬀerent
organizational levels are gaining interest. Transcripts and
metabolites have been analyzed in parallel in plants and
numerous signiﬁcant and biologically relevant correlations
*
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between transcripts and metabolites have been found
(Urbanczyk-Wochniak et al., 2003; Hirai et al., 2004; Scheible et al., 2004; Hirai et al., 2005; Tohge et al., 2005). Also,
transcript levels and enzyme activities have been correlated
in Arabidopsis thaliana (Gibon et al., 2004; Morcuende
et al., 2007) and in Brassica napus developing seeds (Li
et al., 2006).
The functional relation between an enzyme and its
respective substrates are biochemically very exactly deﬁned
through stoichiometry and kinetic rate laws. However, to
our knowledge, there have been no studies comparing
enzyme activities and steady state metabolic ﬂux analysis
in plants, and only few such studies in microbial systems
(Petersen et al., 2001). However, doing this has an
appealing motivation: in theory, enzyme levels and in vivo
conversion rates (ﬂuxes) should correlate, making ﬂux predictable. At least it can be stated that extractable enzyme
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activity, measured under substrate saturation, is a good
measure for maximal possible in vivo ﬂux. Related to this
it had been frequently assumed that certain enzymes in
pathways are rate limiting, an idea that has been mostly
abandoned in the light of results from metabolic control
theory (Kacser and Burns, 1973; Heinrich and Rapoport,
1974; Fell, 1997).
In this paper, we compare metabolic ﬂuxes and enzyme
activities measured in parallel in cultures of developing
embryos of Brassica napus (cv. Reston) grown under two
diﬀerent nutritional conditions. In planta rapeseed embryos
derive their nitrogen from amino acids transported from
the parental seed coat (Schwender and Ohlrogge, 2002)
and in culture they can be grown with the amino acids
Ala and Gln as the sole nitrogen source (Schwender
et al., 2006). However, they can also be grown with inorganic ammonium nitrate instead (Schwender and Ohlrogge, 2002). Since the formation of storage proteins is a
major metabolic activity in developing B. napus embryos
a change in nitrogen source should entail major adjustments in C/N metabolism, aﬀecting reactions related to
amino acid metabolism and the tricarboxylic acid (TCA)
cycle. While Gln and Ala deliver nitrogen in an already
reduced form and bound to an organic acid which can be
used in intermediary metabolism, embryos growing on
NH4NO3 have to reduce the nitrogen by pathways of primary nitrogen assimilation. Based on former metabolic
ﬂux analysis and biochemical studies in developing B.
napus embryos (Schwender and Ohlrogge, 2002; Schwender
et al., 2003, 2004, 2006; Goﬀman et al., 2005; Ruuska et al.,
2004) we investigated potential adjustments in C/N metabolism by comparing developing B. napus embryos cultured
using media with two diﬀerent nitrogen sources: (1) an
organic nitrogen source, the amino acids Gln and Ala
and (2) an inorganic nitrogen source, NH4NO3. We measured 16 steady state metabolic ﬂuxes in central metabolism and the activities of 22 enzymes. The results shed
light on the ﬂexibility of metabolism in response to change
in nutritional conditions and show that such metabolic
adjustment is probably not mediated by changes in enzyme
levels.

growth period and (2) the enzyme activities measured after
12 days culture still represent the same metabolic steady
state. As previously established for the model system used
in this study (Schwender et al., 2006), the culture conditions maintained (in approximation) a steady state over
the period of measurement under both conditions, embryo
fresh weight (fw) continuously increased approximating a
logistic growth curve with biomass increase per g fw almost
constant. The same growth characteristics continued after
the 12 day sampling stage, indicating that at the time of
harvest the embryos were in a steady metabolic active state
and were still accumulating storage compounds. Despite
the similar growth characteristics, for the inorganic N
source only about 50% the growth rate was achieved as
compared to the amino acid medium. This may indicate
that the use of inorganic nitrogen limits growth to a certain
extent, possibly since substantial amounts of reducing
equivalents are needed for the assimilation of ammonia
and/or nitrate. In addition, between the two growth conditions a diﬀerence in biomass composition was observed
(Table 1). When embryos were grown with an organic N
supply the lipid and protein content were close to the
previously observed values (Schwender et al., 2006), when
grown with an inorganic N supply, the lipid content was
4.5% higher and the protein content was 4.6% lower (Table
1). The diﬀerence in biomass composition was considered
for ﬂux analysis (see Section 4) resulting in increased
ﬂux towards lipid synthesis and decreased ﬂuxes towards
amino acids used for storage protein synthesis. However,
the changes in ﬂux distribution due to change of N-nutrition are much more pronounced and are the focus of this
paper.
2.2. Flux analysis
For growth on the inorganic nitrogen source, embryos
were labeled in separate experiments with [1-13C]glucose
and [U-13C6]glucose (Table 2). Flux parameter ﬁtting

Table 1
Biomass parameters for B. napus embryos grown for 12 days with two
diﬀerent nitrogen sources

2. Results and discussion
2.1. Culture system
B. napus (cv. Reston) developing embryos were grown
for 12 days in aseptic culture under continuous low light
as described in Section 4. Two diﬀerent exclusive nitrogen
sources were provided: either the amino acids Gln and
Ala (Schwender et al., 2003, 2006), which mimics the in
planta nutritional situation, or the inorganic nitrogen
source ammonium nitrate (Schwender and Ohlrogge,
2002). Preconditions for the interpretation of the results
are that (1) with respect to ﬂux analysis both metabolic
and isotopic steady state are given during the 12 days
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Nitrogen source

Fw/embryo [mg]
Lipids [% wt/dw]
Protein [% wt/dw]
Cell pellet–protein [% wt/dw]
Methanol/H20 fraction
[% wt/dw]

Organic (Gln/Ala)

Inorganic (NH4NO3)

21.3 ± 6.8
38.1 ± 1.0
17.9 ± 0.3
24.6 ± 1.2
19.5 ± 0.4

9.3 ± 1.8
42.6 ± 1.1
13.3 ± 0.9
31.9 ± 1.1
12.1 ± 0.7

Analysis of embryo tissue as described in Section 4. Average ± SE (n = 3)
given for fresh weight (fw) and dry weight (dw) fractions. Water content
was 52.6 ± 0.8% and 51.3 ± 0.4% for growth on Gln/Ala and NH4NO3,
respectively. The methanol/water fraction contains sugars (sucrose, glucose, fructose) and amino acids as major components (as determined by
gas chromatography–mass spectrometry after trimethyl-silyl derivatization, data not shown).
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Table 2
Labeling in amino acids, fatty acids and starch (glucose) after growth in NH4NO3-medium with [1-13C]glucose or [U-13C6]glucose
[1-13C]glucose

[U-13C6]glucose

Fragment (carbon atoms)

Mass isotopomer

Measured% (SD%)

Predicted%

Measured% (SD%)

Predicted%

Ala 260(1–3)

m0
m1
m2
m3

86.15
13.49
0.36
0.01

(0.79)
(0.79)
(0.03)
(0.02)

86.58
11.34
0.29
0.00

47.27
12.14
11.67
28.92

(0.19)
(0.25)
(0.07)
(0.13)

46.99
12.85
11.83
28.84

Ala 232(2–3)

m0
m1
m2

87.13 (0.78)
12.80 (0.77)
0.06 (0.01)

87.44
10.17
0.00

55.61 (0.09)
6.51 (0.19)
37.88 (0.27)

55.65
6.52
37.35

C18 74(1–2)

m0
m1
m2

86.81 (0.70)
13.27 (0.70)
0.07 (3E3)

87.16
10.14
0.00

0
0
0

C22 74(1–2)

m0
m1
m2

87.84 (0.56)
12.23 (0.56)
0.07 (0.00)

87.87
10.22
0.00

0
0
0

C22(1)a

m0
m1

99.06 (0.07)
0.85 (0.08)

99.06
0.72

0
0

Pro 286(1–5)

m0
m1
m2
m3
m4
m5

74.07
23.58
2.46
0.07
0.03
0.01

(0.75)
(0.88)
(0.24)
(0.34)
(0.02)
(0.02)

74.75
20.94
1.89
0.05
0.00
0.00

22.51
15.23
25.87
19.77
8.93
7.69

(1.71)
(0.35)
(0.98)
(0.57)
(0.13)
(0.16)

21.95
14.41
27.11
21.05
8.77
7.93

Pro 184(2–5)

m0
m1
m2
m3
m4

76.23
22.10
1.51
0.11
0.05

(0.79)
(0.67)
(0.13)
(0.01)
(1E3)

77.77
18.09
1.05
0.00
0.00

31.75
9.56
39.06
5.95
13.68

(1.20)
(0.26)
(1.52)
(0.18)
(0.22)

32.26
7.60
43.73
5.10
14.53

Asp 418(1–4)

m0
m1
m2
m3
m4

82.66
16.66
0.66
0.00
0.02

(0.85)
(0.74)
(0.11)
(0.04)
(2E3)

81.98
17.39
1.16
0.02
0.00

27.74
24.77
15.15
20.55
11.80

(1.31)
(1.03)
(0.04)
(0.71)
(0.42)

27.75
28.47
15.13
22.48
11.40

Asp 316(2–4)

m0
m1
m2
m3

83.93
14.87
0.50
0.71

(0.62)
(0.58)
(0.03)
(0.03)

84.07
13.77
0.52
0.00

37.37
21.29
20.73
20.61

(0.89)
(0.47)
(0.53)
(0.18)

38.54
20.77
19.30
20.76

Asp 302(1–2)

m0
m1
m2

91.99 (0.30)
7.85 (0.31)
0.16 (0.04)

91.82
9.24
0.35

42.93 (1.04)
31.50 (1.25)
25.57 (0.30)

44.62
40.39
24.48

PP(1–5)b

m0
m1
m2
m3
m4
m5

73.54
23.34
2.84
0.19
0.11
0.01

(1.46)
(1.09)
(0.28)
(0.08)
(0.04)
(0.01)

73.38
24.50
2.20
0.05
0.00
0.00

Glucose 360(1–6)

m0
m1
m2
m3
m4
m5
m6

78.43
19.67
1.64
0.27
0.01
0.02
0.00

(0.98)
(0.73)
(0.26)
(0.07)
(0.03)
(2E3)
(3E4)

76.90
22.78
0.87
0.03
0.00
0.00
0.00

Glucose 89(1–2)

m0
m1
m2

83.57 (0.91)
16.26 (0.92)
0.17 (0.01)

82.68
19.98
0.00
(continued on next page)
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Table 2 (continued)
Fragment (carbon atoms)

Glucose 289(2–6)

[1-13C]glucose

Mass isotopomer

m0
m1
m2
m3
m4

[U-13C6]glucose

Measured% (SD%)

Predicted%

93.72
4.94
0.30
0.51
0.52

93.81
1.19
0.01
0.00
0.00

(0.46)
(0.35)
(0.05)
(0.05)
(0.04)

Measured% (SD%)

Predicted%

Measured and model predicted steady state mass isotopomer fractions, after derivatization and analysis by GC–MS as described in Section 4. SD for n = 3
biological repetitions. Fragments are given with molecular weight and the carbons of the metabolite which are included in the fragment. Model predicted
values are the best ﬁt corresponding to the ﬂux values in Table 3.
a
Fragment m/z 74 (carbons one and two) of C22 (Docosanoioc acid methyl ester), together with the fragment m/z 87 (carbons one, two and three;
Murphy, 1993) allows to calculate the 13C-enrichment in carbon one by probabilistic equations assuming that odd-numbered carbons are derived from
carbon one of acetyl-CoA.
b
The labeling in pentose phosphate (PP) was derived from His(16) by considering the label in the e-carbon of His (derived from C-1 metabolism) to be
equal to Gly(2) as described earlier (Schwender et al., 2006).

resulted in ﬂux values (Table 3) which best explain the
labeling data obtained from using both [1-13C]glucose
and [U-13C6]glucose. The ﬂux distribution for growth on
the organic nitrogen source (Table 3) was taken from a previous study (Schwender et al., 2006), where B. napus cv.
Reston embryos were grown under identical conditions as
used for this experiment. A ﬂux map of central metabolism
had been established using computer assisted 13C-ﬂux
steady state ﬂux analysis with multiple diﬀerent 13C- and
15
N-labeled tracers (Schwender et al., 2006). In particular,
the use of 13C-labeled Ala and Gln allowed the resolution
of ﬂuxes between sub-cellular compartments and enabled
us to obtain more reliable ﬂux estimates than those possible
using only 13C-glucose (Schwender et al., 2006). In this
study, under the inorganic nitrogen condition, we could
use only glucose tracers ([1-13C]glucose, [U-13C6]glucose)
due to the absence of amino acids from the growth medium. However, based on details on network topology that
were established in the former study, reliable ﬂux analysis
was still possible (see Section 4.3).
2.3. Flux distribution
Between the two nutritional conditions we observed a
profound shift in ﬂuxes associated with the TCA cycle. In
Table 3 and Fig. 2 a comparison of ﬂuxes for essential reactions associated with the TCA cycle is shown. Comparison
of metabolic ﬂuxes in central metabolism between diﬀerent
conditions is usually done based on normalization of
ﬂuxes, like scaling ﬂuxes relative to the substrate uptake
ﬂux set to 100% (see e.g. Rontein et al., 2002; Yang
et al., 2002a). While the measured 13C-labeling signatures
(Table 2) essentially deﬁne ﬂuxes relative to each other,
we deﬁne absolute ﬂux values indirectly by growth rate
measurements (Schwender et al., 2006). Under the
NH4NO3 condition we observed only about 50% of the
growth rate we measured for the Gln/Ala condition, resulting in signiﬁcant diﬀerences in almost all ﬂuxes (data not
shown). In order to allow a more meaningful comparison
of the ﬂux rates, the ﬂuxes of the NH4NO3 condition
shown in Table 3 are scaled according to the same growth

rate as observed under the Gln/Ala condition. This resulted
in similar ﬂuxes into biomass (amino acids, lipids) under
both conditions (Table 3). The conclusions we draw based
on this normalization are the same as if the comparison is
made by normalizing substrate uptake (data not shown).
As shown in Fig. 2, the major metabolic ﬂux is going
through glycolysis and is directed via pyruvate towards
fatty acid synthesis. The glycolytic ﬂux (pyruvate kinase,
PK, EC 2.7.1.40) is 26% larger in embryos growing with
an inorganic N supply (Table 3). This can be explained
by the fact that embryos grown with an organic N source
will have a lower demand for carbon skeletons to build
amino acids for protein synthesis (Schwender and Ohlrogge, 2002) whereas embryos developing with an inorganic N supply must derive their carbon skeletons from
glycolytic intermediates.
The main diﬀerence between the organic and the inorganic nitrogen condition is characterized by redirection of
ﬂuxes leading into and out of the TCA cycle (Table 3,
Fig. 2). Under the organic nitrogen condition, about 30%
of the absorbed Gln enters the TCA cycle after being transformed to a-ketoglutarate (KG) (Fig. 2A). Under the inorganic nitrogen condition Gln is not available, and therefore
KG has to be withdrawn from the TCA cycle to supply
Gln, Glu, Pro and Arg for protein synthesis (Fig. 2B). Consequently, the depleted TCA cycle intermediates have to be
reﬁlled by anaplerotic reactions. As illustrated by Fig. 2,
this adjustment appears to be made by signiﬁcant reduction
in mitochondrial NAD-malic enzyme (NAD-ME, EC
1.1.1.39) ﬂux as well as by signiﬁcant increase in phosphoenol pyruvate carboxylase (PEPC, EC 4.1.1.3) ﬂux (Table
2).
Notably, cyclic ﬂux through the TCA cycle is absent
with the organic nitrogen source (isocitrate dehydrogenase
with only negligible net ﬂux; Table 3) and minor with the
inorganic nitrogen source (Fumarase net ﬂux small relative
to other TCA cycle ﬂuxes). This again suggests that in
developing oilseeds, the cyclic oxidation of pyruvate by
the TCA cycle plays only a minor role in metabolism as
compared to the metabolic interconversion of TCA cycle
intermediates for biosynthetic purposes. A consequence
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Table 3
Values for net ﬂuxes (±95% conﬁdence interval of the mean) derived by ﬂux parameter ﬁtting (nmol min1 g fw1)
Enzymes

Sugar uptake (sucrose, glucose, and hexose units)
Ala uptake
Gln uptake
Alanine:KG aminotransferase
Pyruvate kinase
Phosphoenol pyruvate carboxylase**
Pyruvate dehydrogenase, Citrate synthase
Mitochondrial malic enzyme
Aconitase, Isocitrate dehydrogenase
Ketoglutarate dehydrogenase, Succinyl-CoA
synthetase, Succinate dehydrogenase, Fumarase
ATP:citrate lyase
Glutamate synthase
Transaminases, Glutamate dehydrogenase,
dicarboxylate transporter
Alanine into protein
Aspartate into protein
Glutamate into protein
Glutamine into protein
Pyruvate dehydrogenase, fatty acid synthesis, Lipid
assembly

Reaction

Nutritional condition
Organic Gln/Ala

Inorganic NH4NO3

! Ala
! Gln
Ala ! Pyr
PEP ! Pyr
PEP ! OAA
OAA + Pyr ! Citrate + CO2
Malate ! Pyr + CO2
Citrate ! Isocitrate ! KG
KG ! malate

972.1 ± 79.4
122.8 ± 13.5
70.9 ± 5.8
110.8 ± 13.5
1297.8 ± 160.1
59.4 ± 6.2
97.0 ± 11.4
39.0 ± 6.5
1.3 ± 3.3
22.0 ± 3.9

1268.7 ± 94.4*
0*
0*
9.4 ± 1.9*
1636.0 ± 183.1
91.2 ± 9.9*
148.8 ± 15.6*
19.8 ± 2.7*
50.4 ± 6.6*
13.2 ± 1.7*

Citrate ! OAA + acetyl-CoA
Gln ! Glu
Glu ! KG

98.3 ± 12.1
49.7 ± 4.7
23.4 ± 3.2

98.3 ± 13.9
16.6 ± 3.6*
37.2 ± 5.5*

12.0 ± 1.9
43.8 ± 6.4
26.3 ± 4.2
21.2 ± 3.6
1366.3 ± 167.9

9.4 ± 1.9
34.2 ± 6.9
20.6 ± 4.2
16.6 ± 3.6
1531.6 ± 168.3

Ala ! Alap
Asp ! Aspp
Glu ! Glup
Gln ! Glnp
Pyr ! TAG

The ﬂux values for the Gln/Ala nutritional condition are taken from Schwender et al. (2006) and scaled to the unit presented in this table. The ﬂux values
for the NH4NO3 condition result from analysis of labeling with [1-13C]glucose (n = 3) and [U-13C6]glucose (n = 3) in this study. For comparison the ﬂux
values of the NH4NO3 condition are scaled according to the same growth rate (biomass ﬂux) as for the Gln/Ala condition (Schwender et al., 2006).
Signiﬁcant changes in fux (p = 0.05) are indicated by asterisk. Enzymes for which the activities have been measured in this study are formatted bold, with
signiﬁcant changes denoted by a double asterisk (see Fig. 1). For abbreviations see the legend of Fig. 2.

of the low cyclic ﬂux is low contribution via oxidative phosphorylation to the total ATP balance of the embryo. This
has been described before for the organic nitrogen growth
condition (Schwender et al., 2006) and seems also to apply
for the inorganic nitrogen condition as well.
2.4. Enzyme activities
The maximal catalytic activities of 22 enzymes of central
metabolism were measured under substrate saturation
using a recently developed platform (Gibon et al., 2004).
The resulting enzyme activities are shown in Fig. 1. The
activities of diﬀerent enzymes span several orders of magnitude ranging from relatively low activity of glycerokinase
(GlyK, EC 2.7.1.30) to the relatively high activities of
NAD-dependent glyceraldehyde 3-phosphate dehydrogenase (NAD-GAPDH, EC 1.2.1.12) and phosphoglycerokinase (PGK, EC 2.7.2.3) which have activities about 500
times higher than GlyK. The two growth conditions had
similar enzyme proﬁles and only two enzymes had signiﬁcantly diﬀerent activities (p < 0.05 as by Student’s t-test;
Fig. 1): PEPC is higher by 60% on inorganic nitrogen,
while aspartate amino transferase (AspAT, EC 2.6.1.1)
exhibits a lower activity on inorganic nitrogen by 37%, (discussed in Section 2.5). Nitrate reductase (NR, EC 1.7.1.1)
was measured but almost undetectable, even when nitrate
was present in the medium.
There is a good correlation of the enzyme proﬁles of cultivated embryos with data obtained from former studies, in

which B. napus developing embryos were taken directly
from the intact plant and numerous enzymes of central
metabolism were measured (Kang and Rawsthorne, 1994;
Eastmond and Rawsthorne, 2000; Hill et al., 2003). For
the combined cytosolic and plastidic activities that were
reported by Eastmond and Rawsthorne (2000), the following enzymes were measured in this study as well: PGK,
NAD-GAPDH, PK and NADP-dependent glyceraldehyde
3-phosphate dehydrogenase (NADP-GAPDH, EC
1.2.1.13). For these four enzymes correlation coeﬃcients
were calculated considering all combinations of the two
conditions measured in this study and the three developmental stages reported by Eastmond and Rawsthorne
(2000): in each case Pearson’s correlation coeﬃcient was
at least R = 0.985 with an probability of error of at maximum p = 0.015 (data not shown). Also on an absolute
basis (nmol g fw1 min1), values are very similar between
the two studies. This suggests that the metabolic activity
(enzyme proﬁle) detected in the cultivated embryos is comparable to that of embryos taken out of developing siliques
of intact plants.
2.5. Comparison of enzyme activities and ﬂuxes
When comparing the in vitro enzyme activities (Fig. 1)
and in vivo ﬂux rates (Table 3), there are seven enzymes
that can be directly associated with the measured ﬂuxes
(Table 3). All of these maximal enzyme activities are higher
than the respective net ﬂuxes by factors between 4 and 6700
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*
10 3

10 2

GlyK

SkDH

AspAT

AlaAT

GluDH

Fum

GlnS

ICDH

CS

PGK

GAPDH (NAD)

GAPDH (NADP)

PK

PEPC

G6PDH

cFBPase

PFP

FK

GK

0

Inv

10

AGPase

Enzyme activity (nmol min-1 g fr. wt-1)

10 5

Fig. 1. Enzyme activities measured in rapeseed embryos grown in culture for 12 days with organic (white bars) or inorganic nitrogen sources (grey bars).
Enzymes were assayed by robotized metabolite cycling assays. Activities are shown in nmol min1 g fw1 on a logarithmic scale as mean of 10 independent
replicates ±95% conﬁdence interval for the mean. Asterisks indicate signiﬁcant diﬀerences between the growth conditions based on a 5% conﬁdence level.
Abbreviations: AGPase: ADP-glucose pyrophosphorylase; AlaAT: alanine aminotransferase; AspAT: aspartate aminotransferase; cFBPase: fructose
bisphosphatase; CS: citrate synthase; FK: fructokinase; Fum: fumarase; G6PDH: glucose 6-phosphate dehydrogenase; GAPDH (NAD): glyceraldehyde
3-phosphate dehydrogenase; GAPDH (NADP): glyceraldehyde 3-phosphate dehydrogenase; GK: glucokinase; GlnS: Glutamine synthethase; GluDH:
Glutamate dehydrogenase; GlyK: glycerol kinase; ICDH: isocitrate dehydrogenase (NADPH); Inv: invertase; NR: nitrate reductase; PEPC:
phosphoenolpyruvate carboxylase; PFP: pyrophosphate dependent phosphofructokinase; PGK: phospho-glycerokinase; PK: Pyruvate kinase; SkDH:
shikimate dehydrogenase.

times and no correlation can be observed (Fig. 3). This
means that the measured enzyme activities are in excess
of requirements for the calculated in vivo catalytic activities
and that in this system measurement of enzyme activity is
unlikely to provide meaningful estimates of in vivo ﬂux.
In addition, between the organic and the inorganic N condition the changes in enzyme activities were often not consistent with changes in measured ﬂux, in particular
considering that ﬂux direction for three enzymes shown
in Fig. 3 changes. The reversal of the direction of ﬂux
between citrate, KG, Glu and Gln (Fig. 2A and B) is not
accompanied by changes in the activities of enzymes
directly associated to these ﬂuxes indicating that ﬂux is driven by mass balances of other reactions supplying metabolites to or withdrawing metabolites from the network
shown in Fig. 2.
Considering an organism as an open system, ﬂux in central metabolism cannot be entirely deﬁned by gene expression. For example, Yang et al. (2002b) grew the
cyanobacterium Synechocystis under auto-, hetero- and
mixotrophic conditions, resulting in big diﬀerences in the
ﬂux distribution in central metabolism. However, a lack
of correlation between transcript levels, protein levels and
the change in ﬂux in central metabolism was observed
(Yang et al., 2002a). Similar observations were made for
yeast grown on diﬀerent carbon sources (Daran-Lapujade
et al., 2004). In both examples, depending on the carbon

source used by the organism, the direction of ﬂux may even
reverse in parts of central metabolism (glycolysis, citrate
cycle) without change in related transcript or protein levels.
These examples show that ﬂux in central metabolism can
be dictated to a large extent by the prevailing physiological,
nutritional and thermodynamic conditions.
A change from the organic to the inorganic nitrogen
sources should inﬂuence gene expression in the embryos.
It has been well established that in leaves, nitrate induces
the enzymes NR, PEPC, PK, citrate synthase (CS, EC
2.3.3.1) and NADP-ICDH in a concerted way in order to
divert more carbon towards KG and nitrate assimilation
(Stitt et al., 2002). Under the inorganic nitrogen condition
in this study we could not see this induction pattern. Only
PEPC was signiﬁcantly increased by 60% as compared to
the organic nitrogen condition. This increased PEPC activity coincides with an increase in PEPC ﬂux by
31.8 nmol min1 g fw1 (Table 3), which supplies more
oxaloacetate (OAA) for the TCA cycle. However, this is
not enough to account for the reversal in ﬂux between citrate and KG which accounts for a change of
51.7 nmol min1 g fw1. A part of the ﬂux adjustment that
allows an increased ﬂux between citrate and Glu is
achieved by reduction of the malate consumption by
NAD-ME which amounts to 19.2 nmol min1 g fw1
(Table 3). Therefore, based on ﬂux analysis presented here,
we observe that the enzymes PEPC and NAD-ME allow
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Fig. 2. Visualization of net ﬂuxes related to the citrate cycle in developing B. napus embryos, as determined by ﬂux parameter ﬁtting after steady-state
labeling: (a) Embryos grown with Gln/Ala as nitrogen source and labeled with a combination of several 13C- and 15N-labeling experiments (ﬂux values
taken from Schwender et al., 2006) and (b) Embryos grown with NH4NO3 as nitrogen source and labeled with [1-13C]glucose. Flux values, statistics and
deﬁnition of reactions see Table 3. Arrow thickness is scaled to net ﬂux of carbon, except for ﬂuxes between PEP, Pyr and FAS for which arrow thickness
is downsized about 5 times. TAG, triacylglycerol; PEP, phosphoenol pyruvate; pyr, pyruvate; OAA, oxaloacetate; KG, ketoglutarate. The indexp denotes
protein-bound amino acids.
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Fig. 3. Comparison of enzyme activities and net ﬂuxes for B. napus embryos cultivated under two nutritional conditions. Black squares: organic nitrogen
(Gln, Ala); Open squares: inorganic nitrogen (NH4NO3). Values are given in nmol min1 g fw1 ±95% conﬁdence interval of the mean. 1: Pyruvate kinase;
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ﬂexible adaptation of ﬂux in response to the changed nutritional condition.
In addition to the observed signiﬁcant changes in PEPC
and AspAT enzyme activities (Fig. 1), the enzymes NADPICDH and GluDH decreased signiﬁcantly based on a 7%
signiﬁcance level. GluDH has been associated with condi-

tions other than primary nitrogen ﬁxation, suggesting a
role to replenish TCA-cycle metabolites by converting
Glu back to KG under certain conditions (Lancien et al.,
2000). Therefore the enzyme could have a role in net conversion of Glu to KG under the Gln/Ala condition while
glutamine synthethase (GS, EC 6.3.1.2) and glutamate oxo-
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glutarate aminotransferase (GOGAT, EC 1.4.1.14) would
be responsible for the reverse net ﬂux observed under the
NH4NO3 condition (Fig. 2).
As described above, we generally observed higher
enzyme activities than ﬂuxes. This is true with one exception. Nitrate reductase activity (NR, EC 1.7.1.1) was present at levels so low (about 30 nmol min1 g fw1) that the
signal could not be reliably detected, even when nitrate
was present at 10 mM in the medium. From the observed
uptake rates of Ala and Gln under the organic condition
(Table 3) one can derive that about 250 nmol nitrogen min1 g fw1 has to be assimilated for the organism
to grow at the observed speed. Therefore, under the inorganic nitrogen condition, a maximal ﬂux of
10 nmol min1 g fw1 nitrate reductase can only supply a
fraction of the necessary assimilation rate (8% of the nitrogen assimilation rate, if the 50% reduction in growth speed
observed under the inorganic nitrogen condition is factored
in) and therefore it appears that it is mainly NH4 that is
supporting growth. In accordance with only a marginal
ability to assimilate nitrate, developing B. napus embryos
grow at very much reduced speed on a liquid culture medium with potassium nitrate as sole nitrogen source (data
not shown). In addition, nitrate assimilation in B. napus
plants appears not to take part in pod tissue and remobilized nitrogen to support protein synthesis during seed ﬁlling (Rossato et al., 2001).

3. Conclusions
This study demonstrates the plasticity of central metabolism in developing Brassica napus embryos in response to
changes of nutritional conditions. NH4NO3 can be used as
a nitrogen source, but nitrate assimilation is obviously not
in the range of inducible metabolic responses of developing
B. napus embryos. Dependent on the nature of the available nitrogen source, metabolic ﬂux is redirected around
the TCA cycle in order to sustain the precursor requirements for the biosynthesis of storage compounds. Here
metabolic adjustment between organic and inorganic N
sources was possible in big parts without major reprogramming of metabolism. However, increase in PEPC activity
and increase in PEPC ﬂux indicates the existence of a
top-down regulatory response to the presence of inorganic
nitrogen sources. While by its anaplerotic function this
enzyme may have a pivotal role in carbon partitioning if
inorganic nitrogen is used, the carbon ﬂux diverted by
the enzyme would not be essential for amino acid synthesis
if amino acids related to the TCA cycle (Gln, Glu, Asp,
Asn) are used as nitrogen sources (Schwender et al.,
2006). Further studies of this kind are intended to identify
regulatory principles which are responsible for adaptation
of metabolism to change in environmental conditions and
which may have control over carbon partitioning as well.
In this context the identiﬁcation of rigid branch points in
metabolic networks is possible with our methods described
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here. Such rigid branch points have been described as a
major hurdle to be overcome in metabolic engineering of
microorganisms (Stephanopoulos and Vallino, 1991).
Studies, such as the one present here, where the response
of central metabolism to environmental or genetic perturbation is analyzed at several levels, may help to develop
strategies for rational modiﬁcation of seed composition
and plant metabolism in general.

4. Experimental
C]glucose and D-[U-13C6]glucose were purchased
from Sigma (St. Louis, MO). Chemicals and enzymes for
the enzyme assays were purchased from Roche (Indianapolis, IN) and Sigma.
D-[1-

13

4.1. Embryo culture
Oilseed rape plants (Brassica napus L., cv. Reston) were
grown as described before (Schwender and Ohlrogge,
2002). Siliques were harvested 20 days after ﬂowering, and
embryos at the early stage of oil accumulation (0.5–1 mg fw)
were immediately dissected under aseptic conditions and
transferred into a liquid culture medium and cultured for
12 days in 15 ml of growth medium in 250 ml Falcon Tissue
Culture Flasks with vented caps (Fisher Scientiﬁc, Pittsburgh, PA) under constant temperature and low light conditions (22 C, continuous light of 50 lmol m2 s1). Two
diﬀerent liquid growth media were used with inorganic
nutrients, microelements and vitamins and polyethylene
glycol 4000 (20% w/v) according to Schwender and Ohlrogge (2002) with 80 mM sucrose and 40 mM glucose as
the main organic constituents (Schwender et al., 2003). In
addition, either Gln and Ala were added (35 and 10 mM,
respectively; Schwender et al., 2003) or KNO3 and NH4NO3
were added as sole nitrogen source as described earlier (19
and 10 mM, respectively; Schwender and Ohlrogge, 2002).
For 13C-labeling in the ammonium nitrate medium, glucose
was replaced with D-[1-13C]glucose or D-[U-13C6]glucose.
After culture, embryos were rinsed quickly 3 times in
0.3 M NaCl and immediately snap-frozen in liquid nitrogen.
Embryos were stored at 70 C until analysis.
4.2. Enzyme assays
Most of the activities of the enzymes listed in Fig. 1 were
assayed using stopped enzyme assays with subsequent
metabolite cycling assays for product quantiﬁcation as
described previously (Gibon et al., 2002, 2004). Nitrate
reductase and glutamine synthetase were determined using
end point assays and invertase using a stopped assay as
described by Gibon et al. (2004).
Frozen embryos were ground to a ﬁne powder and aliquots of a known mass (c. 10 mg fresh weight) of ground
embryo tissue were weighed cryogenically. Enzymes were
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extracted from these aliquots by vortexing and mixing in
500 ll of common extraction buﬀer [10% (v/v) glycerol,
0.25% (w/v) BSA, 0.1% (v/v) Triton X-100, 50 mM
Hepes/KOH, pH 7.5, 10 mM MgCl2, 1 mM EDTA,
1 mM EGTA, 1 mM benzamidine, 1 mM e-aminocapronic
acid, 1 mM phenylmethylsulfonyl ﬂuoride (PMSF), 10 mM
leupeptin, 1 mM dithiothreitol (DTT)] and 10 mg polyvinyl
pyrrolidone. PMSF was added just before extraction. DTT
was omitted when using peroxidase-based or MTT-based
indicator reactions (MTT: methylthiazolyldiphenyl-tetrazolium bromide). A 96-head liquid handling robot (Evolution P3, Perkin Elmer, Wellesey, MA) was used to perform
subsequent dilutions of these initial extracts and to plate
out and mix the extracts and buﬀers prior to starting the
assays. During this process micro plates were maintained
at 4 C using peltier cooled blocks. Reactions were started
with the addition of a given substrate or co-factor as
described by Gibon et al. (2004) and incubated at 25 C
for a know time period, usually 15 min. Reactions were
then stopped using 0.5 M HCl or 0.5 M NaOH. The concentration of the products of these stopped reactions
(NAD+, NADH, NADPH or glycerol-3-phosphate) was
then determined in cycling assays as described by Gibon
et al. (2004). Full details of each individual stopped assay
and the subsequent cycling assay are described in depth
by Gibon et al. (2004) and are not repeated here.

4.3. Analysis of labeling and modeling
After labeling with [1-13C]glucose or [U-13C6]glucose in
the NH4NO3-medium, embryos were homogenized for
30 s in ice-cold methanol/H2O (4:3 v/v) using an Omni tissue grinder (Omni Int., GA). After heating to 70 C for
15 min, CHCl3 was added in order to achieve a mixture
of CHCl3:methanol:H2O = 8:4:3 (v/v) (Folch et al.,
1957). After centrifugation the methanol/water phase, the
lipid phase and the insoluble residue were separated, solvents removed under a stream of nitrogen and samples
dried under vacuum and the fractions analyzed gravimetrically. A part of the insoluble cell residue was further analyzed using a CHNS/O elemental analyzer (Perkin Elmer
Series II 2400) conﬁgured for CHN analysis. The resulting
fractions of lipid and protein (wt/dry wt) determine biomass ﬂuxes as described in Schwender et al. (2006).
Analysis of monomers of lipids, proteins and starch by
GC–MS was performed according to Schwender et al.
(2003). Lipids were reduced under hydrogen (Pt(IV) oxide
catalyst) and the saturated fatty acids were trans-esteriﬁed
to form methyl esters as described previously (Schwender
et al., 2003). After heating the insoluble cell residue in
water to 100 C for 1 h to dissolve starch, the insoluble cell
residue was hydrolyzed in 6 N HCl and the amino acids
were derivatized to N,O-tert-butyldimethylsilyl (TBDMS)
derivatives as described previously (Schwender et al.,
2003). Glucose was released from starch by hydrolysis
and analyzed as glucose methoxime penta-acetate as

described earlier (Schwender et al., 2003). Fatty acid
methyl esters and TBDMS-amino acids were analyzed with
a gas chromatograph–mass spectrometer (6890N GC/5975
quadrupole MS, Agilent Technologies, Wilmington, DE).
The carrier gas was helium at a ﬂow rate of 1 ml/min with
a DB1 column (30 m · 0.25 mm; J&W Scientiﬁc, Folsom,
CA). For saturated fatty acid methyl esters the McLaﬀerty
fragment (m/z 74) was analyzed to determine the fractional
labeling in the fragment comprising carbons one and two
of each fatty acid (Schwender et al., 2003). In addition to
fragment m/z 74, fragment m/z 87, representing carbons
one, two and three of fatty acids (Murphy, 1993) was analyzed in an analogous way. Considering that odd-numbered carbons in fatty acids are biosynthetically derived
from the carboxyl-group of acetyl-CoA, the combination
of labeling information from fragments m/z 74 and m/z
87 allowed to determine the 13C-enrichment in C-1 of fatty
acids according to probabilistic equations. For each GC–
MS chromatogram of amino acid derivatives 136 mass iosotopomer fractions were recorded, whereas for fatty acid
methyl esters, glycerol and glucose derivatives 29 mass isotopomer fractions were monitored. In general, the relative
abundances of mass isotopomers in selected fragments of
each analyzed derivative were measured using selected
ion monitoring. Correction for the occurrence of 13C in
derivative parts of the molecules and for heavy isotopes
in heteroatoms (C, H, O, N, and Si) at their natural abundances was performed as described earlier (Schwender
et al., 2003). Finally MS measurements from analysis of
embryos grown in three separate vessels were averaged.
Central metabolism of developing B. napus embryos
grown on NH4NO3-medium was modeled including reactions of glycolysis, oxidative pentose phosphate pathway,
ribulose 1,5-bisphosphate carboxylase/oxygenase and tricarboxylic acid cycle as described in detail earlier (Schwender et al., 2006). This includes implementation of
details of the network topology established earlier by analyzing a series of diﬀerent labeling experiments under the
Gln/Ala growth condition (Schwender et al., 2006).
Accordingly the following assumptions are assigned to
the model used for ﬂux analysis of the NH4NO3 condition:
(1) Asp represents label in oxaloacetate, malate and fumarate, as these pools are interconverted very fast resulting in
isotopic equilibration. This assumption for the NH4NO3
condition is supported by the consistently high fumarase
activity under both conditions (Fig. 1). (2) Reversibility
of interconversion of a-ketoglutarate and citrate (Aconitase, isocitrate dehydrogenase). (3) Cytosolic acetyl-CoA
is formed from citrate by ATP:citrate lyase (ACL, EC
2.3.3.8) and accordingly label in the terminal acetate units
of C20 and C22 fatty acids represents carbons C-2 + C-3 of
mitochondrial pyruvate. (4) High aminotransferase activities equilibrate label in pyruvate, a-ketoglutarate, oxaloacetate with Ala, Asp and Glu, respectively. The consistently
high activities of Ala- and Asp aminotransferase under
both conditions (Fig. 1) clearly support this assumption.
(5) Non-presence of the glyoxylate cycle. Without the
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inﬂux of Ala and Gln from the in the NH4NO3-medium,
ﬂux between cytosolic and plastidic pools of pyruvate
could not be resolved as described before (Schwender
et al., 2006). However, this does not impact the conclusions
drawn in this study.
Flux parameter ﬁtting and statistical analysis were performed using the software package 13CFLUX obtained
from Dr. W. Wiechert (Department of Simulation, University of Siegen, Germany; Wiechert et al., 2001) including
the Sequential Quadratic Programming algorithm by Peter
Spellucci (Technical University Darmstadt, Germany) as
described before (Schwender et al., 2006). For labeling with
[1-13C]glucose the measured mass spectrometric 13C-labeling patterns in 15 fragments of 8 selected metabolites were
used for ﬂux parameter ﬁtting: (a) Asp, (b) Pro, (c) Ala (d)
glucose (starch hydrolysis) and the terminal acetate units of
(e) C18 and (f) C22 fatty acids, representing the metabolite
pools of (a) oxaloacetate, (b) a-ketoglutarate, (c) pyruvate,
(d) hexose phosphates, (e) plastidic and (f) cytosolic acetylCoA, respectively (Table 2). In addition, from labeling with
[U-13C6]glucose 7 fragments from Asp, Pro and Ala were
considered for ﬂux parameter ﬁtting (Table 2). By varying
the values for six freely variable net ﬂuxes in the system a
best ﬁt between predicted and measured mass isotopomer
abundances was obtained by minimizing the sum of
squared diﬀerences. Flux parameter ﬁtting was started
more than 50 times with randomly chosen starting values
for the free ﬂux parameters (randomly chosen within the
feasible ﬂux space) and one best ﬁt was consistently
obtained.
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